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Abstract

Storage conditions are considered to be a critical component of DNA-based
microbial community analysis methods. However, whether differences in short-
term sample storage conditions impact the assessment of bacterial community
composition and diversity requires systematic and quantitative assessment. There-
fore, we used barcoded pyrosequencing of bacterial 16S rRNA genes to survey
communities, harvested from a variety of habitats [soil, human gut (feces) and
human skin] and subsequently stored at 20, 4, — 20 and — 80 °C for 3 and 14 days.
Our results indicate that the phylogenetic structure and diversity of communities
in individual samples were not significantly influenced by the storage temperature
or the duration of storage. Likewise, the relative abundances of most taxa were
largely unaffected by temperature even after 14 days of storage. Our results indicate
that environmental factors and biases in molecular techniques likely confer greater
amounts of variation to microbial communities than do differences in short-term
storage conditions, including storage for up to 2 weeks at room temperature. These
results suggest that many samples collected and stored under field conditions
without refrigeration may be useful for microbial community analyses.

studies; barcoded bacterial 16S rRNA gene
pyrosequencing; phylogenetic- and taxonomic-
based community analyses; soil; human fecal
and human skin microbiota.

Introduction

The treatment and handling of samples after collection is a
critical aspect of a study design when using DNA-based
methods to compare the composition and diversity of micro-
bial communities from environmental samples. It is widely
assumed that microbial DNA must be extracted from the
samples immediately after collection or, if this is not possible,
that samples must be frozen (Rochelle et al., 1994). Samples
stored at room temperature even for a short period before
DNA is extracted are often considered unfit for downstream
analyses because of changes to the microbial community.
Although these assumptions are widespread, few and con-
flicting studies have directly tested the influence of storage
conditions on DNA-based bacterial community analyses. For
example, Dolfing et al. (2004) and Klammer et al. (2005) used
DNA fingerprinting methods to show that the overall struc-
ture of soil bacterial communities was not strongly affected by
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storage conditions. Likewise, Roesch et al. (2009) reported
only modest shifts in the bacterial diversity in only one of
four human gut samples after 72h of storage at room
temperature. In contrast, both Tzeneva et al. (2009) and Ott
et al. (2004) observed significant effects of storage conditions
on the composition and diversity of microbial communities
in soil and human gut samples, respectively. Nechvatal et al.
(2008) tested a series of room-temperature methods for
preserving stool for up to 5 days and found considerable
variability among methods, but tested each sample with a
different stool specimen, limiting their ability to draw general
conclusions because of the large degree of variability among
stool specimens from different human subjects.

Because of the diversity of the samples, conditions tested
and analytic methods used, we still lack a comprehensive
understanding of how and whether storage of samples
before DNA extraction impacts bacterial community ana-
lyses and the magnitude of these potential storage effects. In
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particular, we do not know whether variation in storage
conditions (temperature and length of storage) influences
our ability to resolve differences in the bacterial community
composition and diversity between samples. To address
these knowledge gaps, we analyzed bacterial communities
in soil, human skin and human fecal samples stored for
different amounts of time and at varying temperatures using
a barcoded pyrosequencing procedure, with the sequence
data from each sample analyzed using both phylogenetic
and taxonomic community analysis procedures.

Methods

Sample collection and storage conditions

Microbial communities were sampled from three distinct
habitats: surface soils, human skin and human feces. Fecal
samples (Fecal 1 and 2; ¢. 100 g each) were donated by two
anonymous male participants. Immediately after collection,
each sample was homogenized by stirring with a sterile spatula
without added buffer in a sterile container. Replicate sub-
samples (n=24) of each homogenized fecal sample were
obtained by inserting sterile cotton swabs into each sample,
and then placing the swab into its own separate dry, sterile
15-mL conical tube. Soil was collected (3-2.5 X 10 cm cores)
from two locations on the campus of the University of Color-
ado (40° 0'N, 105° 16'W) in June 2009. One set of cores was
collected from underneath a Pinus ponderosa tree (Soil 1), while
the other was collected from an irrigated lawn (Soil 2). Replicate
cores were composited and sieved through a 2-mm mesh and
thoroughly homogenized by hand. From these two soil samples,
forty-eight 1-g subsamples (n=24 per sample) were each
placed in 1.5-mL centrifuge tubes. Skin samples were taken
from the axillae (armpits) of one male and one female volunteer
using sterile cotton swabs that had been premoistened in a
sterile solution of 0.15M NaCl and 0.01% Tween 20 (Paulino
et al., 2006; Fierer et al., 2008). The axillary surface was swabbed
for 30 s with all 24 swabs per individual at one time. The swabs
were then placed in sterile 15-mL conical tubes for storage.

Replicate subsamples of each community type (n=23)
were subsequently stored at 20, 4, —20 and — 80 °C for
either 3 or 14 days before DNA extraction. All sample—treat-
ment combinations (four storage temperatures; two storage
times; six unique samples) were analyzed in triplicate as
described in the next paragraph. Participants in the study
gave informed consent under the sampling protocol ap-
proved by the University of Colorado Human Research
Committee (protocol 1007.39).

DNA extraction, PCR, amplicon pooling and
pyrosequencing

Genomic DNA was extracted from all samples using the
MoBio Power Soil DNA extraction kit (MoBio, Carlsbad,
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CA) as described previously (Fierer et al., 2008; Lauber et al.,
2009). Note that samples were placed in bead tubes contain-
ing solution C1 and incubated at 65 °C for 10 min, followed
by 2 min of bead beating with the MoBio vortex adapter; the
remaining steps of the extraction were performed as directed
by the manufacturer. PCR amplification of bacterial 16S
rRNA genes using primers directed at variable regions V1
and V2 (positions 27-338 according to the Escherichia coli
16S rRNA gene numbering scheme) was achieved following
the protocol described in our earlier publications
(Fierer ef al., 2008; Lauber et al., 2009). Briefly, amplicons
generated from three PCR reactions per sample were pooled
to reduce per-PCR variability and purified using the
MoBio Ultra Clean PCR cleanup kit according to the
manufacturer’s instructions and quantified (PicoGreen; In-
vitrogen, Carlsbad, CA). No-template PCR controls were
also performed. PCR products generated from each sub-
sample contained a sub-sample-specific, error-correcting
barcode, which allowed us to assemble a single composite
sample for pyrosequencing by combining equal amounts of
amplicon from each subsample. The composite sample was
then gel purified (Qiaquick gel Clean up kit, Qiagen,
Valencia, CA) and precipitated with ethanol to remove any
remaining contaminants. DNA was sequenced using a Roche
454 FLX pyrosequencer.

Sequence analysis

16S rRNA gene sequences were processed according to the
methods described in our previous publications (Fierer
et al., 2008; Hamady et al., 2008). Briefly, sequences < 200
or > 300nt or with average quality scores of < 25 were
removed from the dataset, as were those with uncorrectable
barcodes, ambiguous bases, or if the bacterial 16S
rRNA gene-specific primer was absent. Sequences were then
assigned to the specific subsamples based on their unique
12 nt barcode and then grouped into phylotypes at the 97%
level of sequence identity using cd-hit (Li & Godzik, 2006)
with a minimum coverage of 97%. We chose to group
the phylotypes at 97% identity because this matches the
limits of resolution of pyrosequencing (Kunin et al., 2010)
and because the branch length so omitted contributes
little to the tree and therefore to phylogenetic estimates
of B diversity (Hamady et al., 2009). A representative for
each phylotype was chosen by selecting the most abundant
sequence in the phylotype, with ties being broken
by choosing the longest sequence. A phylogenetic tree of
the representative sequences was constructed using the
Kimura 2-parameter model in Fast Tree (Price et al., 2009)
after sequences were aligned with NAST (minimum 150 nt
at 75% minimum identity) (DeSantis et al., 2006a)
against the GreenGenes database (DeSantis et al., 2006b).
Hypervariable regions were screened out of the alignment
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using PH Lane mask (http://greengenes.Ibl.gov/). Differ-
ences in the community composition for each pair
of samples were determined from the phylogenetic tree
using the weighted and unweighted UniFrac algorithms
(Lozupone & Knight, 2005; Lozupone et al., 2006). Uni-
Frac is a tree-based metric that measures the distance
between two communities as the fraction of branch
length in a phylogenetic tree that is unique to one of the
communities (as opposed to being shared by both).
This method of community comparison accounts for
the relative similarities and differences among phylotypes
(or higher taxa) rather than treating all taxa at a given level
of divergence as equal (Lozupone & Knight, 2008).
Although UniFrac depends on a phylogenetic tree, it is
relatively robust to differences in the tree reconstruction
method or to the approximation of using phylotypes to
represent groups of very similar sequences (Hamady et al.,
2009).

UniFrac calculates the unique fraction of branch length
for a sample from a phylogenetic tree constructed from each
pair of samples in a data set. Because the UniFrac metric is a
phylogenetic estimate of community similarity, it avoids
some of the problems associated with analyses that compare
communities at arbitrarily defined levels of sequence simi-
larity (Lozupone & Knight, 2008; Hamady & Knight, 2009).
The phylogenetic diversity of each sample was determined
from 1000 randomly selected sequences per sample using
Faith’s phylogenetic diversity metric (Faith’s PD; Faith,
1992), which calculates the amount of branch length for
each sample within the relaxed neighbor-joining tree.
The taxonomic identity of each phylotype was determined
using the RDPII taxonomy (60% minimum threshold)
(Cole et al., 2005). All sequences have been deposited
in the GenBank short read archive (accession number
SRA012078.1).

Statistical analyses

The effect of temperature and length of storage on the
relative taxon abundance (minimum 1% abundance per
sample—treatment combination) was assessed using the
Kruskal-Wallis test in systat 11.0 for sequences classified to
the level of order (fecal and skin) or family (soil). Statistical
differences in the overall community composition (UniFrac
distances) were assessed within each sample type using
the PERMANOVA package in PRIMER v6 using Sample, Day,
Temperature and Day x Temperature as the
factors. Pairwise UniFrac distances were visualized by non-
metric multidimensional scaling in priMER v6 (Clarke &
Warwick, 2001). Differences in Faith’s PD due to the
temperature and length of storage were assessed using the
Kruskal-Wallis test.

main
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Results and discussion

Sequence analysis and overall results

After eliminating low-quality sequences, the number of
reads ranged from 1304 to 3022 per subsample, with an
average of 2019 sequences per subsample and a total of
290696 sequences for the data set. One subsample was
excluded from the data set (Fecal 1 Day 14, 20 °C replicate
2) due to visible fungal growth before DNA extraction. Each
sample type yielded a similar total number of bacterial 16S
rRNA gene sequences (97 943 for feces, 97 527 for skin and
95226 for soil). These distinct sample types harbored
communities that were distinct with respect to their compo-
sition and diversity (Figs 1 and 2 and Tables 1 and 2). The
human-derived samples tended to have few dominant phyla
(three per sample type) accounting for 95-98% of the
sequences: in contrast, in the soils, the six most abundant
phyla accounted for only c. 83% of the sequences. Fecal
samples were dominated by members of the phylum Bacter-
oidetes (62%) and the Firmicutes (35%), while skin samples
had a relatively even distribution of Firmicutes (39%),
Bacteroidetes (31%) and Actinobacteria (25%). Soil samples
contained many phyla including the Bacteroidetes (32%),
Acidobacteria (27%) and Proteobacteria [Alphaproteobacter-
ia (10%), Betaproteobacteria (6.5%), Gammproteobacteria
(5.2%) and Deltaproteobacteria (2.7%)]. The unique distri-
bution of phyla was also seen in the overall community
composition as NMDS visualization of pairwise UniFrac
distances showed clustering by individual sample rather
than temperature or length of storage (Fig. 1). Sample types
also differed with respect to community diversity levels, with
soil bacterial communities harboring the highest levels,
followed by fecal and skin samples (Faith’s PD =40, 11 and
10, respectively). As noted below, each pair of subsamples
within a given sample type had bacterial communities that
differed with respect to their composition and diversity and
these differences were irrespective of the storage conditions
(see Table 1).

Storage effects: fecal samples

Bacterial communities in the fecal samples did not change
appreciably with different storage conditions and retained
their unique composition even after 14 days of storage (Fig.
1 and Table 1). Fecal 2 was dominated by the Bacteroidaceae
(c. 75%), while Fecal 1 had a more even distribution of the
six most abundant taxa across all temperatures (Fig. 2).
Although the relative abundances of a few individual taxa
were affected by temperature (Fig. 2), this did not have a
significant effect on the overall community composition.
The UniFrac distance between bacterial communities from
the two hosts was significantly greater (PERMANOVA,
P= < 0.001) for both weighted and unweighted UniFrac
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Fig. 1. Nonmetric multidimensional scaling
(NMDS) plots of UniFrac weighted and
unweighted pairwise distances. The overall Soil-weighted
community composition was not affected by
temperature or duration of storage for weighted -
UniFrac distances (P > 0.1 in all cases). Length
of storage significantly affected the skin ve’s
communities for the unweighted UniFrac metric T:IA A
(P=0.02). The remaining unweighted UniFrac Chae A
distances were not significantly different by day N

or temperature. Blue, sample 1; red, sample 2;
open symbols, Day 3; closed symbols, Day 14; A,
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than the distance between samples stored at different
temperatures and durations (P > 0.1, Table 1). This mini-
mal effect of storage on the overall structure of the commu-
nities is evident from Fig. 1, which shows that replicate
samples tended to cluster by host. Likewise, the phylogenetic
diversity of the fecal samples remained consistent across the
temperatures (Table 2). Our results extend those reported by
Roesch et al. (2009), who found minimal differences in
community composition and relative taxon abundances
after 72 h of storage at the one temperature tested (room
temperature) for three of the four samples in their study.

In summary, even though we did observe shifts in the
abundance of some taxa in our small sample set under
different storage conditions, this did not mask interpersonal
differences in the overall fecal bacterial community compo-
sition, and did not affect our ability to differentiate the host
origin of the two fecal samples.

Skin samples

As with the fecal communities, each skin sample was
distinctive in terms of dominant taxa and the overall
community composition. Skin 1 had relatively more Bacter-
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oidales and Clostridiales (c. 20-30%), while Skin 2 had
greater abundances of the Actinobacteridae and Bacillales (c.
35-55%) (Fig. 2). These person-to-person differences in
taxon abundance were also evident in the UniFrac analyses,
as each sample clustered by host rather by temperature or
length of storage (Fig. 1). Weighted pairwise UniFrac
distances were significantly greater between the samples
from the two individuals (P < 0.001) than between replicate
subsamples stored at different temperatures (P=0.93) or
durations (P=0.53). Similarly, we observed no significant
effect on the phylogenetic diversity between replicate sub-
samples analyzed after 3 days of storage vs. 14 days of
storage, irrespective of the storage temperature (P > 0.05
in all cases). The fact that the highly personalized nature of
skin-associated bacterial communities (Gao et al., 2007;
Costello et al., 2009; Grice et al., 2009) was still apparent
after 14 days at a range of temperatures, with storage
conditions having relatively little impact on the community
composition or diversity, has important implications for
mass sampling efforts sponsored by various international
human microbiome projects, which aim to relate microbial
community structure and function to physiologic and
pathophysiologic features in individuals with a range of
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. ) E ) E - Fig. 2. The relative abundance of various
Acidobacteriales Soil 1 Soil 2 bacterial taxa in fecal, skin and soil samples after
Sphingobacteriales -E' E" 14 days of storage. Bars represent the mean
. abundance of each group at each temperature in
Burkholderiales * descending order (e.g. 20, 4, —20 and —80°C)
Actinobacteridae with 1 SEM. Abundances of bacterial taxa were
o classified to family for the fecal samples and to
Rhizobiales order for the skin and soil samples using the RDPII
Sphingomonadales nomenclature. Differences in relative abundances
f due to storage temperature were assessed within
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lifestyles in a variety geographic locations, some remote
(Turnbaugh et al., 2007).

Soil samples

The two soils harbored unique bacterial communities, with
temperature and length of storage having little effect on the
overall community composition (Figs 1 and 2, Table 1). Soils
retained similar abundances of the six most numerous taxa
across the range of storage temperatures tested, except for
the Burkholderiales, which were marginally affected by
temperature in Soil 1 (P=0.05, Fig. 2). Although each
sample had similar abundances of most taxa, the two soil
communities were clearly distinct regardless of the storage
conditions (P < 0.001, Fig. 1 and Table 1). Analysis of
UniFrac pairwise distances showed no significant effect of
Day, Temperature or Day x Temperature on the overall
community composition for subsamples immediately fro-
zen at —80°C and those stored at 20°C for 14 days
(P > 0.05 in all cases). Likewise, phylogenetic diversity was
unaffected by temperature or length of storage (P > 0.05 in
all cases, Table 2).
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individual samples using the Kruskall-Wallis test.
*P-values < 0.05.

Conclusion

We surveyed microbial communities from multiple envir-
onments under a broad range of storage conditions, and
demonstrated that the bacterial community composition in
the samples was largely unaffected by differences in short-
term storage conditions. Although it is not currently
possible to resolve changes in bacteria at the species or the
strain level using pyrosequencing, given the limitations
of read length and error rate (Kunin et al., 2010), our
results are consistent with other studies and indicate that
the provenance of samples has a greater effect on the
microbial community structure than do the conditions
under which samples are stored before conducting
DNA extractions. Critically, these differences persist both at
a broad level (e.g. between soil and skin) and at the more
subtle level of specific samples (e.g. different soils or
skin from different people). Subsamples stored under
different conditions did not have identical bacterial com-
munities, perhaps due to insufficient sample homogeniza-
tion or the inherent variability in DNA extractions and
PCR amplification between subsamples. Importantly, these
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Table 1. rermanovA results of sample, Day, Temperature and Day x Tem-
perature effects on pairwise weighted and unweighted UniFrac distances

df. SS MS Pseudo-F P
Unweighted UniFrac
All samples
Sample 5 26 5.1 25 0.001
Day 1 0.27 0.27 0.73 0.75
Temperature 3 0.64 0.21 0.56 1.0
Day x Temperature 3 0.66 0.22 0.57 1.0
Fecal
Sample 1 33 3.3 19 0.001
Day 1 0.26 0.26 1.09 0.24
Temperature 3 0.58 0.19 0.79 0.83
Day x Temperature 3 0.57 0.19 0.77 0.86
Soil
Sample 1 1.4 1.4 6.2 0.001
Day 1 0.27 0.27 1.1 0.15
Temperature 3 0.68 0.23 0.92 0.87
Day x Temperature 3 0.66 0.22 0.89 0.98
Skin
Sample 1 1.0 1.0 4.8 0.001
Day 1 032 032 1.4 0.02
Temperature 3 0.67 0.22 0.97 0.61
Day x Temperature 3 0.72 0.24 1.05 0.22
Weighted UniFrac
All samples
Sample 5 14 2.8 301 0.001
Day 1 0.04 0.04 0.41 0.76
Temperature 3 0.05 0.02 0.15 1.0
Day x Temperature 3 0.04 0.01 0.12 1.0
Fecal
Sample 1 0.83 0.83 101 0.001
Day 1 0.06 0.06 2.28 0.107
Temperature 3 0.07 0.02 0.93 0.475
Day x Temperature 3 0.03 0.01 0.38 0.894
Soil
Sample 1 0.46 0.46 56 0.001
Day 1 0.04 0.04 2.07 0.1
Temperature 3 0.04 0.01 0.67 0.70
Day x Temperature 3 0.02 0.01 0.38 0.99
Skin
Sample 1 0.87 0.87 79 0.001
Day 1 0.02 0.02 0.51 0.53
Temperature 3 0.03 0.01 0.28 0.93
Day x Temperature 3 0.05 0.02 0.53 0.73

Bold text indicates tests where P < 0.05.
d.f., degrees of freedom; SS, sum of squares; MS, mean squares.

other potential sources of variability were more important
than the variability introduced by differences in storage
temperature and duration between subsamples even after
14 days of storage at room temperature. Although specific
taxa may change in relative abundance with different storage
conditions, our data suggest that the types of samples in this
study can be stored and shipped at room temperature
without having a significant impact on the assessment of
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Table 2. Faith's phylogenetic diversity (Faith’s PD) analysis of samples
Day 3 Day 14
Fecal 1 12(0.9) 15(0.7)
20°C 9.2(0.4) 15(0.4)
4°C 12(0.1) 15(0.8)
—20°C 13(0.3) 15(0.3)
—80°C 13(0.3) 14(0.4)
Fecal 2 7.7(0.2) 7.9(0.3)
20°C 7.6(0.3) 8.1(0.4)
4°C 7.7(0.1) 7.6(0.3)
—-20°C 7.6(0.2) 8.2(0.4)
—80°C 7.8(0.1) 7.8(0.1)
Skin 1 13(1.5) 13(0.7)
20°C 12(0.2) 13(0.7)
4°C 12(0.2) 14 (0.04)
—-20°C 13(0.4) 13(1.3)
—80°C 16 (2.3) 12(0.4)
Skin 2 8.2(1.0) 7.6(0.7)
20°C 7. O (O 1) 8.7(0.8)
4°C .9) 7.0(0.1)
—20°C 7 8(1 2) 7.8(0.9)
—80°C 9.7 (0.9) 6.9(0.2)
Soil 1 38(1.0) 39(0.9)
20°C 37(0.9) 39(1.2)
4°C 36(1.3) 39(1.3)
—20°C 39(0.1) 40(0.8)
—80°C 40(0.5) 40 (0.6)
Soil 2 43(1.3) 40 (0.5)
20°C 40(0.6) 40(0.1)
4°C 43(0.3) 39(0.6)
—20°C 44.(1.4) 39(0.2)
—80°C 45 (0.7) 40 (0.8)

Mean Faith's PD and SEM are shown for individual subsamples, and each
temperature on both days. Temperature had a significant effect on
Faith’s PD for Fecal sample 1 on Day 3 and was significantly greater on
Day 14 for Fecal 1(P < 0.05 in both cases). The phylogenetic diversity of
the remaining samples was unaffected by temperature or length of
storage.

the overall community composition or the relative abun-
dances of most major bacterial taxa.
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